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ABSTRACT: This work describes the measurement and
comparison of several important properties of native cellulose
nanocrystals (CNCs) and cellulose nanofibrils (CNFs), such as
crystallinity, morphology, aspect ratio, and surface chemistry.
Measurement of the fundamental properties of seven different
CNCs/CNFs, from raw material sources (bacterial, tunicate, and
wood) using typical hydrolysis conditions (acid, enzymatic,
mechanical, and 2,2,6,6-tetramethylpiperidinyl-1-oxyl (TEMPO)-
mediated oxidation), was accomplished using a variety of
measurement methods. Atomic force microscopy (AFM), trans-
mission electron microscopy (TEM), and 13C cross-polarization magic angle spinning (CPMAS) nuclear magnetic resonance
(NMR) spectroscopy were used to conclude that CNCs, which are rodlike in appearance, have a higher crystallinity than CNFs,
which are fibrillar in appearance. CNC aspect ratio distributions were measured and ranged from 148 ± 147 for tunicate-CNCs
to 23 ± 12 for wood-CNCs. Hydrophobic interactions, measured using inverse gas chromatography (IGC), were found to be an
important contribution to the total surface energy of both types of cellulose. In all cases, a trace amount of naturally occurring
fluorescent compounds was observed after hydrolysis. Confocal and Raman microscopy were used to confirm that the fluorescent
species were unique for each cellulose source, and demonstrated that such methods can be useful for monitoring purity during
CNC/CNF processing. This study reveals the broad, tunable, multidimensional material space in which CNCs and CNFs exist.
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■ INTRODUCTION

Cellulose is the most abundant organic polymer on Earth and
can be found in plants (e.g., cotton,1 hemp,2 wood3), marine
animals (e.g., tunicates4), algae (e.g., Valonia5), bacteria (e.g.,
Acetobacter xylium6), and even amoeba (Dictyostelium dis-
coideum7). The isolation of cellulose nanocrystals (CNCs) from
ramie and cotton fibers by sulfuric acid treatment goes back to
the work by Mukherjee and Woods in 1953.1 Acid hydrolysis of
the native cellulose is the predominant method used to isolate
CNCs and cellulose nanofibrils (CNFs), which we collectively
refer to as nanocellulose. To meet the emerging commercial
demand, several pilot plants and a number of commercial-scale
CNC and CNF manufacturing facilities have recently been
established around the world utilizing wood as the raw
material.8,9 Depending on the source of the nanocellulose
and the chemical treatment, the resulting material can vary in

crystal structure, degree of crystallinity, surface chemistry,
morphology and aspect ratio.10 The abundant and easily
modified hydroxyl surface functionality of nanocellulose
provides for ease in introducing ionic groups (sulfate,11

carboxylate12), catalytic groups (ammonium13), and polymer-
izable groups.14 However, complete control over the various
material parameters has yet to be realized.
Although a wealth of information is available on methods to

isolate the CNCs/CNFs and on methods for introducing a
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variety of functional groups, simultaneous control over the
parameters such as aspect ratio and modulus15 has not yet been
achieved. This has not deterred researchers in applying
nanocellulose in a wide variety of applications because of
their intriguing properties such as low thermal expansion,
optical transparency,16 renewability, biodegradability, low cost
and low toxicity.17 Besides their use as a reinforcing filler for
polymers,18 CNCs and CNFs have been utilized to fabricate a
wide range of other functional materials, including photonic
crystals,19 barrier films,20 shape-memory polymers,21 light-
healable,22 drug-delivery,23 and mechanically adaptive nano-
composites,24−26 and they enable applications that range from
membranes for water-treatment27 to biomedical devices.18,10,28

Critical features for structural applications of nanocellulose
include dimensions29 (because this determines surface area and
aspect ratio), strength/toughness, modulus,30 and surface
functionality. All of these parameters help to provide unique
nanoscale reinforcement mechanisms. For example, surface
functionality is important because this determines the manner
in which nanocellulose interacts with itself (nanofiber−
nanofiber interactions) and with polymers31 via ionic, hydro-
gen-bonding, and hydrophobic interactions.32 Aspect ratio, as
well as surface area, and functionality, are also critical material
parameters since they affect the rheological properties, which in
turn control processing and manufacturing ability. The
crystallinity of nanocellulose is critical because it is directly
related to modulus, and increased modulus is often desirable in
lightweight composite applications.
Impurities in the nanocellulose samples can lower thermal

stability, which is a concern in flame retardant and high-
temperature applications.33 Impurities that introduce defects
can lower performance in thin-film barrier applications, reduce
toughness in structural applications, and can absorb or scatter
light, degrading their performance in optical applications.
Impurities with different chemical composition than the
nanocellulose can also cause device rejection in biomedical
implants.34

Previously, a wide variety of measurements have been
employed to characterize various aspects and properties of
nanocelluloses, though in most cases the techniques being
employed only focused on two or three types of nanocelluloses,
or if comparing several nanocelluloses, relied on a limited
number of characterization methods (see Table S1 in the
Supporting Information). Techniques such as scanning probe
microscopy, helium ion microscopy, near-infrared-Raman
spectroscopy, Raman microscopy, solid-state nuclear magnetic
resonance (NMR) spectroscopy, Förster resonance energy
transfer (FRET), and other fluorescence imaging methods have
recently been used to expand our understanding of nano-
cellulose structure and properties.34,35 With the growing
importance of nanocellulose, the development of new
characterization tools and data are needed to enable elucidation
of their structure−property relations and for successful
manufacturing and product development of cellulose nanoma-
terials.36,37,34

Measurement of the fundamental properties of CNCs and
CNFs is a prerequisite for the development of critical
structure−property and structure−processing relationships
across a broad range of applications. In this paper, we report
on the characterization of CNCs and CNFs isolated from
various raw material sources (bacterial, tunicate, and wood)
using typical hydrolysis conditions (acid, enzymatic, mechan-
ical, and 2,2,6,6-tetramethylpiperidinyl-1-oxyl (TEMPO)-medi-

ated oxidation). Characterization methods include atomic force
microscopy (AFM), transmission electron microscopy (TEM),
13C cross-polarization magic angle spinning (CPMAS) nuclear
magnetic resonance (NMR) spectroscopy, inverse gas
chromatography (IGC), and Raman and fluorescence micros-
copy. This comprehensive approach to the characterization was
taken to provide a detailed set of information on representative
nanocellulose samples where the measurements were all made
under identical sample preparation conditions, using the same
instruments, and the same data interpretation software or
algorithms, and thereby provide a useful resource for those
working to study and apply nanocellulose (see data summary in
Table S2 in the Supporting Information).

■ EXPERIMENTAL SECTION
Certain commercial equipment, instruments, materials or companies
are identified in this paper in order to adequately specify the
experimental procedure. Such identification is not intended to imply
recommendation or endorsement by the National Institute of
Standards and Technology, nor is it intended to imply that the
materials or equipment identified are necessarily the best available for
this purpose. This work was carried out by the National Institute of
Standards and Technology (NIST), an agency of the U.S. government,
and by statute is not subject to copyright in the United States.

Bacterial Cellulose-Acid Hydrolysis. Bacterial cellulose was
grown from a sterilized glucose medium inoculated with Acetobacter
xylinum − ATCC 23767, according to established protocols.38 The
extracted bacterial cellulose was hydrolyzed using sulfuric or
hydrochloric acid (37% by mass) for 48 h at 60 °C. The resulting
suspensions were then washed with water and isothermally
centrifuged.

Tunicate Cellulose-Sulfuric Acid Hydrolysis. CNCs were
isolated from tunicates (Styela clava) collected from floating docks
in Point View Marina (Narragansett, RI). The CNCs were prepared by
sulfuric acid hydrolysis (48% by mass) of the cellulose pulp, according
to established protocols,39 with slight modifications, as previously
reported.40

Wood Cellulose-Enzymatic Hydrolysis. Commercial wood pulp
with hemicellulose and lignin contents of 13.8% and 0.7% (from
Nordic Paper, Sweden), was used as raw material for the extraction.
The extraction was carried out post an initial aqueous enzymatic
(endoglucanase Novozyme 476) pretreatment at 50 °C for 2 h (0.1
mL of enzyme was used per 40 g of dry cellulose material suspended in
2 L). The enzyme treatment was followed by 8 passes through a M-
110EH microfluidizer at maximum pressure 1100 bar (Microfluidcs
Ind., USA). The resulting suspensions were then washed with water
and isothermally centrifuged.

Wood Pulp-Mechanically Refined. Mechanically refined wood
CNFs were purchased from The Process Development Center at The
University of Maine. Briefly, southern bleached softwood pulp was
refined in a multistage disk refiner.

Wood Pulp-Sulfuric Acid Hydrolysis. Wood CNCs were
purchased from The Process Development Center at The University
of Maine and manufactured at the U.S. Forest Products Laboratory.
Briefly, wood pulp was hydrolyzed using sulphuric acid (64% by mass).

Wood Cellulose-TEMPO Mediated Oxidation. Commercial
wood pulp with hemicellulose and lignin contents of 13.8% and 0.7%
(from Nordic Paper, Sweden), was used as raw material for the
extraction. Wood pulp (40 g) was suspended in water (4 L),
containing 0.64 g of oxidation mediator 2,2,6,6-tetramethylpiperidinyl-
1-oxyl (TEMPO) and 4 g of sodium bromide. The oxidation was
carried out by adding 2 mol/L NaClO (10 mmol per gram of
cellulose) to the suspension. The pH of the suspension was
maintained at 10 by adding 0.5 mol/L NaOH with a pH stat for 5
h. The reaction was then quenched by adding ethanol (ca. 0.2 L). The
resulting suspensions were then washed with water and isothermally
centrifuged.

ACS Applied Materials & Interfaces Forum Article

dx.doi.org/10.1021/am500359f | ACS Appl. Mater. Interfaces 2014, 6, 6127−61386128



13C Cross-Polarization Magic Angle Spinning (CPMAS)
Nuclear Magnetic Resonance (NMR). Solid-state NMR experi-
ments were performed at 100 MHz (2.35 T) on a Tecmag Apollo
spectrometer, ultrawide bore Nalorac magnet, and in-house designed
7.5 mm double resonance magic angle spinning probe. Each sample
(≈100 mg freeze-dried nanocellulose) was pressed into a 6 mm × 7
mm disk, placed into a Macor rotor, and spun at 3800 ± 100 Hz.
CPMAS NMR experiments were performed with the following
conditions: 25.19 MHz 13C frequency, 100.16 MHz 1H frequency,
3.2 μs 1H π/2 pulse, 2 ms contact time, 72 kHz 13C contact pulse, 68
kHz 1H contact pulse, 78 kHz continuous wave (cw) decoupling, 100
μs dwell time, 600 data points with 15784 zero filling points, 2048 to
8196 scans, 3 s recycle delay, and 8192 to 32768 transients. The 1H cw
decoupling frequency was set to 1.3 ppm relative to tetramethylsilane
(TMS) at 0 ppm. The frequency scale of the 13C NMR spectra were
referenced to TMS (0 ppm) utilizing adamantane as a secondary
reference.
Transmission Electron Microscopy (TEM). High-contrast trans-

mission electron microscopy (TEM, Hitachi HT-7700, Japan) was
used to determine the morphology of the nanocellulose deposited
from the as-prepared suspensions. Ca. 0.02% by mass aqueous
suspensions of the nanocellulose samples were sonicated for 5 s before
deposition onto TEM grids (ultrathin carbon film/holey carbon 400
mesh, Ted Pella, USA) and dried overnight at room temperature. No
staining was used. The TEM was operated at 80 kV acceleration
voltage 24 h after the sample preparation.
Atomic Force Microscopy (AFM). AFM measurements were

carried out using a Dimension Icon (Bruker, Billerica, MA). Substrates
were prepared by drop casting poly-L-lysine (PLL) solution (0.01% by
mass) onto a freshly cleaved mica substrate.36 After 5 min, the
substrate was blown dry. Diluted aqueous nanocellulose suspensions
(ca. 0.02% by mass) were deposited onto the PLL-coated mica disks.
The samples were rinsed with water after 5 min to remove unattached
nanocellulose and then blown dry. Topographical imaging was
performed in Scanasyst tapping mode using a Scanasyst-air tip
(Bruker, Billerica, MA), with nominal radius of 2 nm.
Inverse Gas Chromatography (IGC). Surface energy analyses

were carried out using an IGC surface energy analyzer (SEA) (Surface
Measurement Systems, Alperton, UK) and the data were analyzed
using both standard and advanced SEA Analysis Software. IGC surface
energy measurements and analysis calculations were conducted at
finite dilutions according to the published procedure.41−45 Briefly,
approximately 45 mg of freeze-dried CNC was packed into individual
silanized glass columns. Each column was conditioned, dried under a
flow of anhydrous helium for 2 h, before n-alkane probe molecules
(decane, nonane, octane, and heptane) and polar probe molecules
(acetone, ethanol, acetonitrile, ethyl acetate, and dichloromethane)
were introduced over a range of injection volumes. This method was
used to determine the dispersive and acid−base components of surface
energy as a function of fractional surface coverage. This method also
permits the investigation of energetic heterogeneity.
Confocal Microscopy. Dilute nanocellulose suspensions were

deposited onto an ultraviolet ozone (UVO)-treated glass coverslips
and dried overnight at room temperature. Confocal microscopy
measurements were carried out using an upright Leica TCS SP5 II
(Leica Microsystems, Buffalo Grove, IL), with a 10×, 0.30 numerical
aperture (NA) air objective. Images were acquired by exciting at 488
nm and collecting emission at 500 to 550 nm.
Confocal Raman Microscopy (CRM). Dilute CNC suspension

was deposited onto an ultraviolet ozone (UVO)-treated glass coverslip

and dried overnight at room temperature. Raman spectra were
collected on an in-house designed confocal Raman system which was
based on a setup described in detail elsewhere.46 Briefly, the samples
were illuminated by 488 nm laser radiation passed through an “inject-
reject” notch-filter and focused on the sample using a 60× oil-
immersion lens of numerical aperture 1.49. Scattered Raman light was
collected by the lens, passed back through the notch-filter, and
analyzed with a high resolution spectrograph. Single-mode optical
fibers coupled the laser and spectrograph to the system to provide an
input Gaussian beam and confocal imaging of the output scattered
light. The excitation power was set to 2 mW at the sample. This power
level provided sufficient reduction of the sample’s intrinsic
autofluorescence through photobleaching during the initial phase of
the experiment and provided high fidelity Raman measurements.

■ RESULTS AND DISCUSSION

Naturally occurring cellulose is a hierarchically structured
material, which at the lowest hierarchical level (the cellulose
polymer chain−chain interaction level) contains both highly
crystalline, as well as amorphous domains.10 These amorphous
regions can undergo hydrolysis to yield cellulose nanocrystals
and nanofibrils with a range of crystallinities, moduli, surface
chemistries, surface energies, and aspect ratios. Sulfuric acid
hydrolysis is the most common hydrolysis technique, because it
creates CNCs that are dispersible in water due to a small
number of sulfate ester groups introduced to the surface of the
CNCs during hydrolysis.11,47 Similarly, TEMPO-mediated
oxidation modifies the CNC surface with the oxidation of
primary hydroxyls to carboxylate groups.12 On the other hand,
enzymatic, mechanical refining, and HCl hydrolysis leave the
surface chemistry of the CNC unchanged.10 The chemical
surface structures present on the various CNCs are shown in
Figure 1. In this article, we focus on nanocellulose isolated from
wood, bacteria, and tunicates. The cellulose source, hydrolysis
technique, and abbreviation for each sample are given in Table
1.

Figure 1. Chemical structure of nanocellulose surface: (a) mechanically refined, enzymatic hydrolyzed, and HCl hydrolyzed; (b) sulfuric acid
hydrolyzed; and (c) TEMPO-modified.

Table 1. Cellulose Sources and Hydrolysis Techniques Used
to Produce the Nanocellulose Samples Used in This Study

source hydrolysis technique
surface

chemistry abbreviation

bacterial
cellulose

hydrochloric acid hydroxyl
(neutral)

bacterial-HCl

bacterial
cellulose

sulfuric acid sulfate
(negative)

bacterial-sulfate

tunicate
cellulose

sulfuric acid sulfate
(negative)

tunicate-sulfate

wood pulp enzymatic hydroxyl
(neutral)

wood-enzymatic

wood pulp mechanically refined hydroxyl
(neutral)

wood-mechanically
refined

wood pulp sulfuric acid sulfate
(negative)

wood-sulfate

wood pulp TEMPO-mediated
oxidation

carboxylate
(negative)

wood-TEMPO
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Crystallinity. 13C cross-polarization magic angle spinning
(CPMAS) nuclear magnetic resonance (NMR) spectroscopy is
a powerful tool for quantifying the crystalline content in
cellulose fibers, in particular crystalline fraction and polymorph
(i.e., cellulose I-α, I-β, II).48 Wide-angle X-ray scattering
(WAXS), a more commonly used method for measuring
crystalline fraction of nanocelluloses,49 provides a measurement
for the total volume fraction of crystalline cellulose, whereas
CPMAS NMR counts only cellulose chains that are present
within the interior of the CNC. Cellulose chains on the crystal
surface are counted in the disordered fraction, so crystallinity
values calculated from NMR are, by comparison to WAXS,
smaller.49 Our approximated crystallinity values are, as a result,
lower bound on the total crystalline fraction.
For the quantification of crystalline content in the seven

materials prepared here, we performed 13C CPMAS and T1ρ
H-

filtered CPMAS NMR experiments. The T1ρ
H relaxation times

of crystalline cellulose domains are longer than the noncrystal-
line domains, so spectral editing by way of T1ρ

H offers an
avenue for discriminating between crystalline vs noncrystalline
domains. In Figure 2a, we have displayed the CPMAS spectrum
of bacterial cellulose-HCl, including the assignments of the
carbons on the six-membered ring of the monomer unit.

As shown in Figure 2a, carbons 4 and 6 (henceforth denoted
C4 and C6) both exhibit two resonances with the same general
pattern; an intense resonance and a weaker resonance at
approximately 5 ppm upfield. Following the assignments
determined previously,50,51 these features are due to the
crystalline and noncrystalline components of cellulose,
respectively. When introducing a 7 ms T1ρ

H relaxation filter,
we observe that the resonances associated with the crystalline
and noncrystalline regions decay at different rates. We have
displayed horizontal lines in panels a and b in Figure 2 as a
guide to the eye. As shown in Figure 2b, after a 7 ms 1H spin

lock pulse, the noncrystalline resonances (62 ppm and 85 ppm)
have decayed 55% in intensity, whereas the crystalline
components have decreased in intensity only 35%. This
difference in decay rates allows us to separate the spectra of
the two components (noncrystalline vs crystalline) as shown in
Figure 2c. When taking the difference (spectrum 2b − 0.55·
spectrum 2a), one is able to isolate the spectrum of the
crystalline phase, which is represented in Figure 2c. By
comparison to previously published 13C NMR spectra of
cellulose,50,51 we assign this spectrum to form I-α.
Similar experiments were performed on the remaining

nanocellulose samples. The corresponding 13C CPMAS spectra
are shown in Figure 3 and the crystalline fractions are given in

Table 2, noting that cellulose chains on the crystal surfaces
contribute to noncrystalline intensity in the NMR measure-
ment, and not crystalline intensity. We also include the
assignments of the crystalline forms observed from the 13C
CPMAS spectra for all of the samples in Table 2.
As shown in Table 2, both bacterial nanocellulose types (HCl

and sulfate) exhibit the same polymorph (form I-α) as well as
nominally the same total crystalline content (0.72). The
tunicate cellulose, while also highly crystalline (0.80), exhibits
the polymorph form I-β. All of the wood cellulose samples have
much lower crystallinity (0.60 to 0.05). Some of the wood

Figure 2. 13C NMR spectra of bacterial-HCl cellulose: (a) CPMAS
spectrum, (b) T1ρ

H-filtered CPMAS spectrum, and (c) the difference
spectrum (spectrum b − 0.55·spectrum a).

Figure 3. 13C CPMAS spectra of (a) bacterial-HCl, (b) bacterial-
sulfate, (c) tunicate-sulfate, (d) wood-enzymatic, (e) wood-mechan-
ically refined, (f) wood-sulfate, and (g) wood-TEMPO nanocelluloses.
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samples exhibit a crystalline phase spectrum that is consistent
with form I-α, but with resonances that are seemingly much
broader than the other more highly crystalline bacterial
celluloses. We speculate that the molecular packing in the
wood samples are likely similar to the form I-α, albeit more
disordered with less uniform packing environments.
Structural Morphology. Transmission electron micros-

copy (TEM) and atomic force microscopy (AFM) images were
taken to examine structural differences between the nano-
cellulose samples. As seen from Figures 4 and 5, both size and
aspect ratio depend strongly on the cellulose source and the
hydrolysis technique, and each source/process combination
yields a CNCs or CNFs with distinct characteristics. Acid
hydrolysis techniques, both hydrochloric acid and sulfuric acid,
yield rodlike nanocrystals with high crystalline fractions (0.60
to 0.80) (Figures 4 and 5 (a, b, c, and f)). The source of the
cellulose is also a major factor in the morphology and size of
the nanocrystals. For instance, bacterial-sulfate, tunicate-sulfate
and wood-sulfate CNCs show pronounced differences (Figures
4 and 5 (b, c, and f)). The bacterial CNCs appear to be
bundled or aggregated,38 whereas the tunicate CNCs appear to
be much more individualized. The bundling of the bacterial
nanocellulose can be due to electrostatic attraction of the

nanofibers, or the remnants of a small amount of paracystalline
cellulose holding the rods together.52 Close packing or
bundling was also seen with the wood-sulfate CNCs.
To examine the effect of the processing technique on

nanocellulose morphology, while keeping the cellulose source
constant, wood pulp was treated with four different processing
methods: enzyme hydrolysis, mechanical refiner, sulfuric acid,
and TEMPO-mediated oxidation. Enzyme hydrolysis of wood
pulp leads to a network of nanofibrils (Figures 4d and 5d).53

Mechanically refining the wood pulp with no added chemicals
yields the largest nanofibers of all the cellulose samples (Figures
4e and 5e). Sulfuric acid hydrolysis of wood pulp produces
short rod-like CNCs that appear to be bundled (Figures 4f and
5f). TEMPO-mediated oxidation of wood pulp yields extremely
thin nanofibers with the lowest crystalline fraction (0.05)
(Figure 4g and 5g). Indeed, the range of morphologies and
crystallinities observed for nanocellulose isolated from wood, by
simply varying the processing, reveals the tunability of CNCs.
There is correlation between the crystalline fraction and the
apparent rigidity of the nanocellulose. Networked and ribbon-
like wood CNF samples had a lower crystalline fraction (0.05 to
0.55) compared to rodlike wood-sulfate (0.60). It is also true
that some of the variation in morphology and crystallinity could
be from the different wood sources used here.

Aspect Ratio. Aggregation, bundling, formation of nano-
fibrilar networks, and overlapping of individual CNCs and
CNFs make accurate dimension measurements difficult, even
using current image analysis techniques. For this reason, only
well-dispersed nanocellulose samples, where both ends of the
individual fiber could be clearly identified, were measured. The
negatively charged sulfated CNCs were the best dispersed
samples; therefore, size and aspect ratio distributions were
measured for bacterial-sulfate, wood-sulfate, and tunicate-sulfate
CNCs.
Size and aspect ratio measurements of individual CNCs were

based on the evaluation of AFM images (Figure 6). The
apparent width of the CNCs is larger than the actual value
because of AFM tip convolution;54 therefore, the aspect ratio
was calculated as the length L divided by the height h for each

Table 2. Crystalline Fractions and Polymorph Assignments
of the Nanocellulose Samples, as Measured by CPMAS
NMRa

cellulose source
crystalline
fraction

predominant polymorph/
form

bacterial-HCl 0.74 I-α
bacterial-sulfate 0.72 I-α
tunicate-sulfate 0.80 I-β
wood-enzymatic 0.30 I-α (disordered)
wood-mechanically refined 0.55 I-α
wood-sulfate 0.60 I-α (disordered)
wood-TEMPO 0.05 unknown
aEstimated error for the crystalline fraction is ±0.03. The error
estimate is based on uncertainty in the spectrum of the noncrystalline
phase as well as signal-to-noise limitations.

Figure 4. TEM images of (a) bacterial-HCl, (b) bacterial-sulfate, (c) tunicate-sulfate, (d) wood-enzymatic, (e) wood-mechanically refined, (f) wood-
sulfate, and (g) wood-TEMPO.
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individual CNC, because these dimensions are not significantly
affected by tip convolution. More detailed information on the

length, height, and aspect ratio measurements can be found in
the Supporting Information. Aspect ratio measurements can

Figure 5. AFM topography images showing height measurements of (a) bacterial-HCl, (b) bacterial-sulfate, (c) tunicate-sulfate, (d) wood-
enzymatic, (e) wood-mechanically refined, (f) wood-sulfate, and (g) wood-TEMPO.

Figure 6. Length (left column), height (middle column), and aspect ratio (right column) distribution histograms and average values ± one standard
deviation for bacterial-sulfate (top row), tunicate-sulfate (middle row), and wood-sulfate (bottom row).
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also be taken from TEM images, but limited image contrast and

damage from the electron beam motivated our use of AFM

imaging.55 Also, AFM is becoming more widely accessible, and

therefore this technique may be a better routine tool than

TEM.

Previous work shows that the size of the CNCs is strongly
dependent on the hydrolysis conditions.56 Typically, stronger
acid conditions, longer reaction times and higher temperatures
tend to yield shorter CNCs. There is a correlation between the
crystalline fraction and the aspect ratio for the sulfated CNCs.
The high crystalline fraction (0.80) of the tunicate-sulfate

Figure 7. (a) Dispersive and (b) acid−base surface energy profiles for the nanocellulose samples measured at 30 °C. Fraction surface coverage is the
number of moles (n) divided by the moles required to cover a surface monolayer (nm).

Figure 8. Intensity-based LSCM images of nanocellulose showing reflection images (top row) and their corresponding autofluorescent areas
(bottom row) for (a) bacterial-HCl, (b) bacterial-sulfate, (c) tunicate-sulfate, (d) wood-enzymatic, (e) wood-mechanically refined, (f) wood-sulfate,
and (g) wood-TEMPO.
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CNCs lead to longer rodlike particles with a higher aspect ratio
(148), whereas the lower crystalline fraction (0.60) of the
wood-sulfate CNCs yielded shorter rodlike particles with a
lower aspect ratio (23) (Figure 6).
In the case of bacterial-sulfate, the longer fibers were also

thicker, keeping their aspect ratio low. The average length
reported in the literature for bacterial-sulfate CNCs56 was much
shorter (567 nm ± 296 nm) than the average length measured
here (1103 nm ± 698 nm), leading to a much lower average
aspect ratio (L/h ≈ 31 ± 16) than the average aspect ratio (L/h
≈ 94 ± 79) reported here (Figure 6). By contrast, the tunicate
CNCs did not tend to bundle, giving less polydisperse height
measurements compared to the bacterial-sulfate CNCs. The
average length (1073 nm ± 719 nm) and average thickness (9.2
nm ± 2.1 nm) reported in the literature for tunicate-sulfate
CNCs57,58 are comparable to the average length (1187 nm ±
1066 nm) and thickness (9.4 nm ± 5.0 nm) measured here
(Figure 6). The wood-sulfate CNCs had the lowest aspect ratio
and the narrowest size distribution of the nanocelluloses
measured in this study. Average length (141 nm ± 6 nm) and
height (5.0 nm ± 0.3 nm) reported in the literature for wood-
sulfate CNCs59 were very similar to the length (130 nm ± 67
nm) and height (5.9 nm ± 1.8 nm) measured here (Figure 6).
It is understandable that there would be some variation in fiber
size and aspect ratio for CNCs. The heterogeneity, in size and
aspect ratio, observed for these CNCs demonstrates the
diffusion controlled nature of acid hydrolysis.10

Surface Energy. Information about the surface energy of
nanocellulose is important for determining the effect of newly
added surface functional groups and for determining the
compatibility of the nanocellulose with various polymer
matrixes to ensure optimal fiber−matrix interaction. Inverse
gas chromatography (IGC) was used to measure the surface
energy of the CNCs and CNFs. For these measurements, the
various nanocellulose samples were placed in a chromato-
graphic column as the stationary phase, and solvent probe

molecules were injected into the carrier gas stream. The
retention time and shape of the chromatogram gives
information on surface heterogeneity, surface area, acid−base
properties, and surface energy.42 Traditional IGC experiments
at infinite dilution are typically biased by high energy sites,60,61

which may not be able to fully describe the surface properties.
In this study, surface energy experiments were performed over a
range of concentrations to more fully describe the energetic
situation on the surfaces of the CNCs and CNFs.
Dispersive and acid−base surface energy profiles for each

sample were measured and graphed in Figure 7. The surface
energy is noticeably higher at low surface coverage for some of
the samples, which can be due to surface defects or impurities
(Figure 7). The bacterial CNC samples have a higher dispersive
surface energy value (>53 mJ/m2) than the tunicate or wood
CNC samples (33−50 mJ/m2) at 10% surface coverage (Figure
7a), these findings are comparable to literature values.62,63 The
acid−base surface energy profiles, based on the Good−van
Oss−Chaudhury approach,44,45 also show that the bacterial and
tunicate nanocellulose samples have higher acid−base surface
energy than the wood nanocellulose samples (Figure 7b).
Papirer et al.61 were able to demonstrate that nanocelluloses
with high crystallinities also have higher surface energy values.
This trend can also be seen in Figure 7. The more crystalline
CNCs (bacterial and tunicate) have higher dispersive and acid−
base values, in comparison to the more amorphous wood
CNCs, which have lower dispersive and acid−base values.
Higher surface energy values seen for bacterial CNCs can
indicate that the surface is composed of more active surface
groups or a higher density of surface groups.
Also, note that the range of dispersive surface energies is

much larger (35−70 mJ/m2) than the observed range of acid−
base surface energies (4−12 mJ/m2) (Figure 7a vs 7b). This
suggests that the dispersive energy (hydrophobic) makes a
much larger contribution to the total surface energy than does
the acid−base surface energy (hydrophilic). This is consistent

Figure 9. Raman spectra of nanocellulose samples. (a) Graph showing Raman spectra of cellulose portion for three samples and (b−d) graphs
highlighting the differences in Raman spectra between the cellulose portion and the autofluorescent hydrolysis resistant particles present in the
samples.
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with the “Lindman hypothesis,” recently discussed in a review
by several cellulose researchers,64 which asserts that surface
energy properties of cellulose should be viewed in the context
of a hierarchy of different scales of interactions: from ionic
interactions, to hydrogen bonding, and a larger contribution
from hydrophobic interactions than had been included in the
past.
Autofluorescent Impurities. To gain a better under-

standing of the nanocellulose’s meso to micrometer scale
morphology, we also imaged them using laser scanning
confocal microscopy (LSCM). From reflection mode imaging
(see Figure 8, top row), we observed particles that were tens to
hundreds of micrometers in size in all of the samples. These are
most likely hydrolysis-resistant particles. From confocal
microscopy and NMR data, we concluded that these
compounds makeup a small fraction of the total cellulose
samples (detection limit of the NMR is 0.5 mol % for 13C);
however, their impact on the properties of the nanocellulose
can be significant. As mentioned in the introduction, if the
CNCs are used for biomedical applications, such non-
nanocellulose impurities may cause biocompatibility prob-
lems.65,66 If the CNCs are used in coatings and optical and
composites applications, the impurities can be problematic.
Furthermore, because the undigested particles are fluorescent
(see Figure 8, bottom row), they can negatively affect
fluorescence measurements and can make Raman imaging
difficult.67 However, the autofluorescence may also provide a
powerful method for monitoring the completeness of
purification during the CNC/CNF preparation process.
Historically, fluorescence has been used in the pulp and
paper industry for decades,68 and can be employed as a quality
assurance measurement during CNC/CNF manufacturing.
Identification of Autofluorescent Impurities. Knowing

the general contents of the initial cellulose sources, it is believed
that the fluorescent particles can be lignin (wood samples),68

chlorophyll (wood samples),69 or proteins (tunicate/bacterial
samples). There are also reports of nonfluorescent compounds
found in wood that turn into flavonoid fluorophores after
soaking in alkaline water (Lignum nephriticum).70 To gain
additional information about the nature of the autofluorescent
species in each of the nanocellulose samples, we employed
Raman spectroscopy.
Raman spectroscopy of cellulose has been used by others to

determine crystallinity;67 here, it was used to gather chemical
information on the autofluorescent particles in an attempt to
identify (based on chemical functionality present) the
composition or further distinguish (based on unique spectral
features) these particles from cellulose. Raman spectroscopy is
a useful measurement technique because it does not require a
large sample volume and is generally, nondestructive.
Raman spectra of cellulose from three samples (bacterial-

sulfate, tunicate sulfate, and wood-TEMPO) were collected
(Figure 9a) and compared to the literature data.71 Cellulose,
being a polysaccharide, has characteristic Raman bands from
1000 to 1200 cm−1 corresponding to υ(C−O−C) asymmetric
stretching and υ(C−C) stretches and Raman bands from 1300
to 1500 cm−1 corresponding to δ(CH2) and δ(CH2OH)
deformations.71 The three cellulose samples studied here have
comparable Raman shifts with slight variation in the peak
shapes likely resulting from light scattering, crystalline fraction,
and cellulose phase/crystallinity effects.
Upon initial exposure to the excitation source, the

autofluorescent particles’ spectra exhibited a strong fluores-

cence background. This background initially obscures the
Raman features, but after initial exposure, it is sufficiently
reduced through photobleaching to allow for high fidelity
Raman spectra to be recorded. The fluorescent, hydrolysis
resistant particles in bacterial-HCl and bacterial-sulfate samples
have nearly identical Raman spectra that are very distinctive
from the Raman spectrum of cellulose (Figure 9b). Strong
peaks at 696, 728, 1445, and 1640 cm−1 are unique to the
fluorescent particles in both bacterial cellulose samples and can
be associated with undigested proteins in the bacterial cell
membrane as well as other naturally occurring fluorescent
molecules found in bacteria. The peaks at 696 and 728 cm−1

can be assigned to υ(C−S) aliphatic stretching,72 and the peak
at 1640 cm−1 can be assigned to amide, υ(CC), or υ(CN)
stretching, which are all functional groups present in proteins.73

The fluorescent micrometer-sized particles in tunicate-sulfate
can also be associated with undigested proteins, as well as other
naturally occurring fluorescent molecules. The fluorescent
particles in the tunicate sample were not readily photobleached,
and the resulting Raman spectrum was dominated by the
fluorescence background (Figure 9c). Although the presence of
the background limits analysis of these particles, a Raman peak
at 1607 cm−1 is resolvable and is distinctive from the cellulose
Raman spectrum. The peak is potentially due to aromatic
υ(CC) stretches given its location and given that aromatic
compounds typically exhibit strong fluorescence.74

The wood cellulose samples had the lowest fluorescence
intensity and the autofluorescence generally corresponded to
only large, unhydrolyzed wood fibers. These large fibers
contained cellulose along with lignin and other fluorescent
molecules, thus the Raman spectra for the autofluorescent
particles in the wood samples were dominated by cellulose
peaks (Figure 9d). The cellulose bands can be removed by
normalizing the two Raman spectra and subtracting the wood
cellulose spectrum from the autofluorescent particle spectrum.
This highlights the difference between the two spectra. Peaks at
859, 1448, and 1747 cm−1 are unique to the fluorescent,
hydrolysis resistant particles in the wood-TEMPO sample. The
peak at 859 cm−1 can be assigned to υ(C−O−C) stretching
and the peak at 1747 cm−1 can be assigned to υ(CC) and
υ(CO) stretching, all of which are chemical functionalities
present in lignin.75 The Raman data provides clear evidence for
the presence of chemical compounds other than cellulose in the
samples. Both fluorescence microscopy and Raman spectros-
copy prove to be potentially useful tools for monitoring the
completeness of the nanocellulose preparation process.

■ CONCLUSIONS
A wide variety of measurement methods (AFM, TEM, 13C−
CPMAS-NMR spectroscopy, IGC, and Raman and fluorescent
microscopy) were used to gather and compare structural and
chemical information on seven CNCs and CNFs derived from
natural sources (bacteria, tunicate, and wood) using typical
hydrolysis conditions (acid, enzymatic, mechanical, and
TEMPO-mediated oxidation). The information gathered here
provides a direct comparison of many of the key properties
(crystalline fraction, polymorph, structural morphology, aspect
ratio, purity, and surface energy) of these new and important
nanomaterials (see Table S2 in the Supporting Information for
a data summary).
Our findings permit several general conclusions associated

with this diverse set of materials. CNCs that are rodlike in
appearance have a higher crystalline fraction than CNFs which
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are fibrillar in appearance. Sizes and aspect ratios of the CNCs
measured are dependent upon the source of the cellulose. The
high crystalline fraction of the tunicate-sulfate CNCs lead to
longer rodlike particles and higher aspect ratio, whereas the
lower crystalline fraction of the wood-sulfate CNCs yielded
shorter rodlike particles and lower aspect ratio. IGC surface
energy measurements revealed that hydrophobic interactions
make a major contribution to the total surface energy of both
types of cellulose. In all cases, a trace amount of naturally
occurring fluorescent compounds were observed after hydrol-
ysis. Confocal microscopy was used to locate these auto-
fluorescent impurities, with morphology and optical (fluo-
rescent) properties substantially different from the nano-
cellulose. Raman microscopy was used to confirm that the
fluorescent species were unique for each cellulose source. The
fluorescence and Raman microscopy data also demonstrated
that such methods may be useful for monitoring purity during
CNC/CNF processing. This study demonstrates that by
varying the hydrolysis techniques, and/or the source of the
cellulose, important properties and characteristics of nano-
cellulose can be tuned.
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